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Infrared (IR) vibrational scattering scanning near-field optical microscopy (s-SNOM) has advanced to become a
powerful nanoimaging and spectroscopy technique with applications ranging from biological to quantum materials.
However, full spatiospectral s-SNOM continues to be challenged by long measurement times and drift during the
acquisition of large associated datasets. Here, we demonstrate a novel approach of computational spatiospectral
s-SNOM by transforming the basis from the stationary frame into the rotating frame of the IR carrier frequency.
We demonstrate an acceleration of IR s-SNOM data collection by a factor of 10 or more in combination with prior
knowledge of the electronic or vibrational resonances to be probed, the IR source excitation spectrum, and other
general sample characteristics. As an example, we apply rotating-frame s-SNOM (R-sSNOM) to chemical nanoimaging
of ultrathin protein sheets in a mollusk shell. R-sSNOM enables high-voxel-density imaging of sparsely distributed
molecules in an extended matrix. It is generally applicable to many multiscale material systems with sparse features
and can be extended to other spectroscopic nanoimaging modalities. © 2019 Optical Society of America under the terms of

the OSA Open Access Publishing Agreement

https://doi.org/10.1364/OPTICA.6.000424

1. INTRODUCTION

Recent advances in infrared (IR) vibrational scattering scanning
near-field optical microscopy (IR s-SNOM) have enabled chemi-
cal nanoimaging of a wide range of systems including molecular
and quantum materials [1–5]. Of particular note is nanoimaging
of biological systems that exhibit structural features on meso-
scopic scales ranging from proteins of nanometer dimension to
membranes and cytoskeletons of multiple micrometer dimension
[6–10]. These active regions that determine biological function
are often sparse and separated by distances far greater than the
size of the features of interest.

Desired characteristics in multispectral imaging include high
spatial resolution, large field of view, and broad spectral range.
However, this leads to growing datasets scaling linearly in measure-
ment timewith each spatial and spectral dimension. The associated
long measurement times and compounding drift of the sample,
signal, source, and detection system [11], as well as the possible
diffusion in active biological systems, limit what can be achieved
in conventional Fourier transform IR s-SNOM Fourier transform
nanospectroscopy (nano-FTIR) imaging. Therefore, the applica-
tion of s-SNOM nanospectroscopic imaging for systems with
objects of interest that are sparsely distributed but spatially com-
pact, in particular for biomaterials, has remained limited.

High-pixel-density imaging is required in multiscale com-
posite systems as commonly encountered in many chemical or

biological systems. In a mollusk shell, as a representative example,
the extended shell structure is composed of CaCO3 crystallites of
calcite or aragonite [12]. A small amount of interspersed organic
material, typically less than 5% by weight, acts as a scaffold that
directs growth rates, modifies crystal habit, and controls the type
of CaCO3 polymorph to nucleate. However, because of its spar-
sity, the organic material is difficult to locate and study.

Bulk analysis of decalcified oyster shells shows that the organic
component contains proteins [13–16], which are often enriched
in acidic residues and which can be post-translationally modified,
as well as other components like polysaccharides. Furthermore,
in situ techniques [17–20] have localized proteins to sheath-like
structures that cover individual CaCO3 crystallites. However, no
chemical nanoscopic characterization has yet been performed.

To address these challenges and increase imaging speed, com-
pressive sensing has recently been applied to broadband s-SNOM
in its implementation of synchrotron IR nanospectroscopy
(SINS) [21]. In compressive s-SNOM, the analogous signal to be
recovered is assumed to be sparse in some domain and can be fully
estimated from a sub-sampled set of measurements. This offers a
probabilistic approach to obtaining the desired spectral content at
a drastically reduced acquisition time.

Conversely, an approach first established in nuclear magnetic
resonance (NMR) involving shifting the spectroscopic carrier fre-
quency into a “rotating frame” dramatically reduces the number
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of data points required for a spectrum [22,23]. Faster acquisition
through rotating frame detection is enabled through a reduction
in the required number of sampled points for a given spectro-
scopic resolution by shifting the carrier frequency of the signal
to zero. Rotating frame detection has been extended to time-
domain far-field optical spectroscopy [24,25], including 2D-IR
spectroscopy [26–28], enabling improved detection speed and
sensitivity.

Here, we demonstrate rotating frame detection applied to
IR near-field spectroscopy (R-sSNOM) and its performance in
chemical imaging within the prismatic region of oyster shells.
Specifically, we resolve heterogeneous nanoscale spatial protein
distribution in the large scale calcite matrix in nanospectroscopic
imaging based on the protein amide I IR response. In nano-FTIR
with the use of an IR source of narrow bandwidth, we move into
the rotating frame in order to shift the zero-point frequency to the
lowest frequency of the vibrational response. Mathematically, this
is analogous to a change of coordinates in the Fourier transform
integral where ω is shifted by the vibrational resonant frequency
ω0 to ω − ω0. This rotating frame s-SNOM imaging technique
allows for significantly shorter spectral acquisition times and in-
creased spatial data densities. We show a shortening in acquisition
time using R-sSNOM by up to a factor of 60 compared to
conventional nano-FTIR imaging. This enables higher spatial res-
olution imaging over large fields of view. R-sSNOM is particularly
advantageous for experiments with light sources of intermediate
bandwidth [2] and materials with broad vibrational resonances.

2. METHODS

A. Near-Field FTIR Spectroscopy

The IR s-SNOM experimental layout is shown in Fig. 1(a).
Tunable mid-infrared (mid-IR) light is generated by difference
frequency generation (DFG) by mixing signal and idler beams
in a AgGaS2 crystal (Harmonixx DFG, APE) from an optical

parametric oscillator (Levante OPO, APE), pumped by a Yb:KGW
(Flint, Light Conversion) femtosecond laser (1034 nm, pulse
duration 90 fs, 6 W, 75.7 MHz repetition rate). The IR light is
tunable from ∼4 μm to ∼15 μm (2500 to 650 cm−1) with a pulse
duration of 150 fs and a full width at half-maximum (FWHM) of
∼100 cm−1. We direct ∼18 mW of DFG power, centered at
1680 cm−1, into the s-SNOM instrument (nanoIR2-s prototype,
Anasys Instruments). An off-axis parabolic mirror (NA � 0.45, re-
flected focal length � 25.4 mm) focuses the IR beam onto a gold-
coated cantilever atomic force microscope (AFM) tip (160AC-GG
OPUS, μmash) operating in intermittent contact (tapping) mode.
The heterodyne amplified backscattered light is detected by a
HgCdTe (MCT KLD-0.5-J1/DC/11, Kolmar Technologies) de-
tector [Fig. 1(a)]. The Fourier transform of the resulting asymmetric
interferogram provides the near-field spectral amplitude A(ν̃) and
phase ϕ�ν̃� response of the sample at the tip location, with spatial
resolution given by the tip apex radius [29]. The amplified near-field
is selected by demodulating theMCT signal at the second harmonic
of the tip dither frequency ωtip with a lock-in amplifier (HF2LI,
Zurich Instruments). Chopping the reference beam at ωref further
eliminates residual far-field background and corrects for the DC
baseline offset (see Supplement 1 for details). R-sSNOM nano-
FTIR images are then acquired based on the near-field heterodyne
signal, which is selected by lock-in demodulating at the first side-
band of the near-field signal, 2ωtip � ωref [10]. The spectrum
is then normalized to a gold reference, which has a flat optical re-
sponse across the mid-IR to good approximation. To eliminate
water vapor and CO2, we purge the IR source, AFM, reference
arm, and detector enclosure with dry and CO2-free air. The refer-
ence arm lengthwas controlled using a linear direct-drive translation
stage (Aerotech, ANT95-50-L-MP).

B. Sample Preparation

The shell of the Pacific Oyster (Crassostrea gigas) is a widely
studied model mollusk and is characterized by a distinctive
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Fig. 1. Rotating Frame s-SNOM (R-sSNOM). (a) Experimental design with an IR light source and asymmetric Michelson interferometer.
(b) Schematic of rotating frame reducing the frequency of the basis waveforms (red and orange) to generate new waveforms (light and dark blue) with
the same information, but with the beat frequency between the rotation and basis. (c) Depiction of resonant IR feature within the IR source bandwidth.
(d) Full experimental nano-FTIR interferogram (red) and a 30x subsampled interferogram that is at the Nyquist limit (blue). (e) Low-frequency full
dataset nano-FTIR interferogram rotated by 1550 cm−1 (red) and the similarly rotated subsampled points (blue). (f ) Frequency comparison of stationary
(red) and rotating frame (blue) spectral response.
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microstructure called the prismatic layer [30]. The prismatic layer
is composed of closely packed calcite columns that are tens to
hundreds of micrometers tall and are approximately 10 μm
across. Each column is delimited by thin polygonal sheaths of
intercrystalline organic material. Thin sections were prepared
following established procedures (see Supplement 1). A quick
(∼3 second) and mild (0.1 M HCl) etch was performed after pol-
ishing to reexpose the organic sheath, which is preferentially
removed during the polishing procedure.

C. Rotating Frame s-SNOM

The rotating frame is a reference frame where the Nyquist cutoff
frequency is lowered, reducing the amount of data necessary for
resolving a given spectral feature. The rotating frame approach is
based on the rotation frequency ωrot, linewidth Γvib, and center
frequency ωvib of the vibrational resonance to be probed
[Fig. 1(c)], where ωrot is less than ωvib and is typically ωvib − Γvib

or smaller (see Supplement 1 for details). Figure 1(b) shows the
rotating frame concept pictorially. The basis vectors (red and
orange) span the rotation space and are collected as in conven-
tional nano-FTIR with increased reference arm step size. The
rotating frame analysis is then applied as a complex apodization
to the collected datasets (green spiral). The recovered waveforms
span the same space but have a lower apparent frequency (shown
in dark and light blue). Transforming into the rotating frame is
analogous to spinning a Bloch sphere, where the vibrational res-
onance precesses with frequency ωvib, around the precession axis
at the rotation frequency ωrot. This results in the vibrational
response being reduced by the rotation frequency ωvib − ωrot.
We then only need to collect the near-field signal interferogram
in increments of 1∕Γvib over a length set by the desired spectral
resolution (see Supplement 1 for details). The required step size

only depends on ωvib, Γvib, and ωrot rather than the carrier
frequency, yet is still Nyquist limited.

We first demonstrate the R-sSNOM concept through subsam-
pling a conventionally acquired nano-FTIR dataset. Figure 1(d)
(red) shows a standard nano-FTIR interferogram (stationary
frame ωrot � 0) and a ∼30 fold subsampled dataset (blue).
While seemingly nonrepresentative, after transformation of both
interferograms [Fig. 1(e)] into the rotating frame, the rotated and
Nyquist limited (blue) and R-sSNOM (red) interferograms closely
resemble each other. If we then Fourier transform the rotated in-
terferograms and shift the frequency back by ωrot to its original
value, we see good agreement between the R-sSNOM (red) and
the Nyquist limited R-sSNOM (blue) spectra, as shown in
Fig. 1(f ). Chemical imaging can now be performed approximately
60 times faster in this specific example (see Section 4 for details)
while maintaining the same signal quality for each image voxel.

Following this conceptual validation of the approach, we imple-
ment R-sSNOM as a spectroscopic imaging method enabled by
this dramatic reduction in sampling within the rotating frame.
In this approach, we image the full sample region of interest at
each reference arm delay point. The rotation process requires
two basis vectors spanning the rotated space; therefore, wemeasure
the complex-valued field at each reference arm delay using ampli-
tude-modulated two-phase homodyne imaging as previously
described [10]. We obtain spectroscopically resolved voxels by
repeating the two-phase homodyne imaging at each reference
arm delay, stacking the images, correcting for spatial drift, and
Fourier transforming the interferogram at each pixel using the
rotating frame algorithm described above. In the following exam-
ple, we apply R-sSNOM spectroscopic imaging to achieve 4000
voxels at 100 nm spatial resolution, 20 cm−1 spectral resolution,
and 200 cm−1 bandwidth.
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Fig. 2. Rotating frame R-sSNOM imaging. (a) The prismatic layer (middle schematic, thickness exaggerated) surrounded by organic sheaths (right).
(b) Near-field scattering amplitude heterodyne amplified at zero phase difference between tip and reference arms in the rotating frame and (c) stationary
frame yielding lower spatial resolution of the same region compared with (b). The white dashed line emphasizes drift artifact. (d) Spatiospectral phase
image of same region acquired with R-sSNOM. (e) Representative spectrum of location indicated in (d) showing typical amide I response of the organic
sheath acquired with nano-FTIR (blue) and R-sSNOM (black).
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3. RESULTS

A. Protein Distribution in the Prismatic Region
in an Oyster Shell

For a direct experimental comparison between conventional nano-
FTIR and R-sSNOM imaging, we image the protein distribution
in the prismatic region of the oyster shell. The hierarchy of scales in
this biological system is shown schematically in Fig. 2(a). We
center the laser at the peak of the protein specific amide I response
at 1680 cm−1. We chose a 4 μm by 10 μm region across a calcite
crystal covering two organic sheets as indicated. For R-sSNOM,
we image this region (40 by 100 pixels), with a pixel size of 100 nm
by 100 nm [Fig. 2(b)]. For the conventional stationary frame
nano-FTIR experiment [Fig. 2(c)], an array (10 by 30 pixels)
was used, approximately 10 times fewer spatial points for the same
amount of acquisition time and identical spectral resolution. An
AFM image of the area was taken halfway through to characterize
the AFM drift. The typical length scale (in the narrow dimension)
for prismatic region features was approximately 3 voxels, or
∼1 μm, wide in the conventional image. To normalize the phase
spectrum, we reference to a known calcite region. This compen-
sates for the tail end of the much stronger calcite peak, yielding
a pure amide response. Figure 2(d) shows the corresponding full
spatiospectral R-sSNOM phase dataset. An example spectrum
from the organic region is shown in Fig. 2(e).

We now reconstruct a map of protein content by correlating
AFM topography [Fig. 3(a)] with the R-sSNOM amide I phase
map [Fig. 3(b)] by identifying five regions based on the calcite and
amide content and their relative surface heights [Fig. 3(c)]. When
compared to the topographic feature size given by the etching
process, this correlation analysis identifies and locates proteins
in the prismatic region with higher spatial resolution. Figure 3(d)
shows the corresponding correlation diagram of height and the
amide I phase response (for details, see Supplement 1). These
results show that in spatiospectral imaging, where the spatial
resolution needs to be relatively high, but the spectral resolution
can be low, R-sSNOM provides clear benefits compared to con-
ventional s-SNOM.

4. DISCUSSION

In the rotating frame, the scan length and step size of each inter-
ferogram are chosen such that the resulting spectral resolution and
maximum measured frequency are no higher than necessary to
resolve the resonances of interest. This allows for faster interfero-
gram collection based on the reduced maximal measured fre-
quency in the rotating frame. To effectively leverage the
reduced data volume required by R-sSNOM and to increase
the rate of data acquisition, we image the sample continuously,
while the reference mirror is moved between images. This ap-
proach also simultaneously enables passive drift compensation
(see Supplement 1 for details).

R-sSNOM has less frequent interruptions in data collection
and is only paused between successive images to step the mirror
position. Additionally, R-sSNOM is less sensitive to drift, as the
reference mirror only needs to be stable on the ∼μm scale, rather
than the ∼nm scale required of the AFM tip. Both of these effects
result in faster and more stable multispectral chemical imaging.

In this specific experiment, we find the speed increases
by a factor of ∼60 for the same signal quality per voxel. As a
more general example, an image with 10,000 spatial locations
(100 × 100 pixel image) conventionally needs to be reimaged
for conservative drift correction every 50 data points, with each
image taking approximately 10 min. That reimaging time alone is
longer by an order of magnitude than retrieving the complete
hyperspectral image through R-sSNOM. Specifically, we demon-
strate a direct comparison where, in the conventional method, to
achieve 20 cm−1 spectral resolution, we scan the reference mirror
at a rate of 10 μm/s for a total of 25 s. We sample 300 spatial
positions and collect one AFM image at the beginning and one
AFM image halfway through the coordinate set. Thus, the con-
ventional imaging time is 2.3 h, generating 10 spectral data points
per sample position for a total of 3000 data points of interest. This
is contrasted with the R-sSNOM technique where 20 cm−1 res-
olution over 4000 sample positions yields a total of 40,000 data
points in slightly less time. This corresponds to an improvement
of more than an order of magnitude in acquired data points. From
the accelerated acquisition, R-sSNOM not only is drift-corrected
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but also has a much higher spatial resolution compared to conven-
tional nano-FTIR for the same measurement time.

When using the rotating frame approach, the first few data
points of the transformation in rotation space can be slightly
unstable from interference of the dual negative frequency compo-
nents through frequency folding (frequencies close to the rotation
frequency are not always a faithful representation). Therefore, the
rotation frequency for this dataset was chosen to be 1550 cm−1,
i.e., away from the amide response, leading to a maximum recov-
erable frequency of 1750 cm−1 based on our choice of 200 cm−1

bandwidth.
In addition to the first few dropped data points near the ro-

tation frequency, we notice the spectral accuracy in the rotating
frame is not as good as that obtained using conventional methods.
While simple chemical identification is still possible, the
R-sSNOM measurement of the amide I response is blueshifted
by ∼20 cm−1 compared to conventional nano-FTIR [Fig. 2(e)].
Further, and in general, spectrally narrow material resonances can
be measured with a lower Nyquist cutoff frequency, but they also
require higher resolution to determine their peak position with
sufficient accuracy. This trade-off between resolution and cutoff
frequency requires measuring with larger reference arm mirror
step sizes over a longer travel distance. Similarly, this trade-off
exists with broader resonances with smaller step sizes over a
shorter total travel distance. Materials systems with spectrally
well-separated narrow resonances would therefore not benefit
from R-sSNOM to the same extent, as both resolution and band-
width need to be high.

The nanometer scale and convoluted shape of sparsely distrib-
uted organic mineral interfaces is well matched to the capabilities
of R-sSNOM. The discrepancy between the length scales of the
features of interest and their distribution highlights the necessity
of high-resolution imaging over large spatial scales. Therefore
R-sSNOM uniquely delivers chemically sensitive nanoimaging
with a large field of view with an improvement of image quality,
speed, and spatial resolution.
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